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ABSTRACT
In wetland soils, hydrology is considered to be one of the primary factors shaping wetland
function and microbial community structure, but plant-soil interactions are also important mechanisms
affecting microbial nutrient transformations. The research presented here considered the interactive
effect to describe how hydrology and the presence of plants alter the soil profile, the development of
the bacterial community, and their associated functions.
To achieve this goal, plots were established in three hydrologically-distinct regimes (Wet,
Intermediate, and Dry) within a non-tidal freshwater wetland along the James River (Charles City
County, Virginia). Inside each main plot, ten subplots were cleared of all aboveground plant material;
five plots were left to re-grow (“Vegetated” reference), while the remaining five were weeded each
week to maintain bare soil (“Clipped” treatment subplots). Manipulations were started at the beginning
of the growing season, and sampling continued until the following winter. Every eight weeks, soil cores
(30 cm) were collected and analyzed for a variety of soil properties (e.g., pH, OM, C:N, redox, vegetation
and root biomass), microbial community structure (16S-rDNA-based T-RFLP),bacterial abundance
(Acridine Orange Direct Count), and soil function (Extracellular Enzyme Activity (EEA)). A mixed-effects
repeated measures analysis of variance (ANOVA) was used to better understand how each variable
responded within each hydrological regime and treatment.

Principal component analysis (PCA) and

Partial Mantel tests were used to elucidate how saturation and vegetation influence the microbial
community structure and soil enzyme function.
Bacterial community properties and soil functions followed differences in soil saturation and
associated physicochemical parameters (i.e., pH and redox). Correlations with wetland vegetation were
primarily related to seasonal changes in plant community composition and biomass, and differences
between experimental treatments were small. Evidence suggests the present plant species and the
amount of above- and belowground biomass plays a more selective role shaping bacterial communities
2

and soil function. Due to the short-term of this study and tight soil correlations, it is difficult to
determine if observed differences are a product of the plant community or soil saturation, but it is clear
that each is important. Based on the literature, plant effects were smaller in this wetland than might be
expected. This experiment took place in a recently exposed lake basin, so plant-soil-microbe interaction
may not be well established. As the wetland matures, relative importance of vegetation is expected to
increase and impact bacterial composition and function. Collectively, these results demonstrate that
wetlands are not a product of one separate variable, but result from various factors interlinked to shape
microbial communities and soil functions.
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INTRODUCTION
In wetland soils, nutrient transformations, such as decomposition, denitrification, and
methanogenesis, are driven by both the aerobic and anaerobic microbial community. In freshwater
wetlands, these ecosystem processes are dictated by substrate availability, which is further governed by
climate, organic matter quality and quantity, and plant type (Groffman et al., 1996; Gutknecht et al.,
2006). Hydrology is considered to be one of the primary factors shaping wetland function and microbial
community structure, but plant-soil interactions are also important mechanisms affecting microbial
nutrient transformations. Substantial progress has been made in describing how soil properties and
nutrient availability are shaped by hydrology (i.e., Mitsch and Gosselink, 2000) and plant communities
(i.e., Kao et al., 2003; Wolters et al., 2000), but research has lead to contradictory conclusions as to how
these two variables influence microbial community composition and function (i.e., Gutknecht et al.,
2006; Yu and Ehrenfeld, 2010). In particular, there is still a tremendous amount to learn about how
microbial communities and soil functions respond to direct changes in vegetation under different
saturation conditions.
Frequency, duration and magnitude of inundation are all important factors that contribute to
soil function and microbial community composition. Saturated soils, characteristic of wetlands, restrict
soil aeration and reduce nutrient mineralization, thus altering a variety of process rates and impacting
plant biodiversity (Hammer, 1989). For instance, anoxic conditions reduce redox status, which in turn
constrains decomposition, creating an accumulation of organic matter and modifying carbon and
nitrogen cycles (Bossio et al., 2005; Gutknecht et al., 2006; Hammer, 1989). Typically, in anaerobic
conditions, microbial process rates decrease, impacting the amount and types of nutrients available to
other members of the microbial community as well as the overlying vegetation (Bossio et al., 2006;
Wardle et al., 2004).
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Though plants directly interact with a small subset of the microbial community, they can greatly
impact the composition, diversity and function of the assemblage. For example, roots of aquatic
macrophytes ventilate inundated soils, creating aerobic microniches; in saturated soils, this may be the
only oxygen that is available, so the associated microbial community may be very different from that
which is found in the anoxic bulk soil.

Further, rhizosphere and rhizoplane microorganisms can

mobilize and assimilate plant root exudates, increase mineral solubilization, fix nitrogen, produce plant
growth hormones, and suppress root pathogens (Bever et al., 1997; Gutknecht et al., 2006; Reynolds et
al., 2003; Wardle et al., 2004). Additionally, decaying vegetation provides the major source of carbon in
wetlands; therefore any changes in plant biodiversity will directly influence the biochemical composition
of soil organic matter and indirectly alter soil pH, nutrient availability and water retention (Kardol et al.,
2006; Reynolds et al., 2003; Wardle et al., 2004; Zak et al., 2003). As a result, any changes in the plant
community composition affect the production, composition and function of the heterotrophic microbial
communities influencing the quality, direction, and flow of nutrients.
Though researchers have a tentative insight into the individual effects of hydrology and plants,
there is still a poor understanding of how these two variables interact to shape microbial community
composition and soil function. The research presented here considered the interactive effect using a
field manipulation and nested experimental design in a naturally emerging freshwater, non-tidal marsh.
To describe how hydrology and the current plant community alter the soil profile, the development and
function of the associated heterotrophic microbial community, basic determinations of soil
environmental properties, hydrologic interactions, and plant community attributes were coupled with
molecular genetics assessment of microbial community structure and analysis of soil enzyme function
using extracellular enzyme analysis (EEA).
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MATERIALS AND METHODS
1. Site Description
Research was conducted in the recently exposed upper basin of former Lake Charles, located
along the James River (Charles City Count, Virginia) on the property of Virginia Commonwealth
University’s Inger and Walter Rice Center for Environmental Life Science (Figure 1a). In 1927, a dam was
built at the edge of the property, breaking the natural connection between Kimages Creek and the
James River, and transforming a cypress dominated wetland into a recreational lake. In 2006, heavy
rainfall led to a breach in the dam, partially restoring the hydrological connection with the river. As the
lake drained, the exposed basin was recolonized with wetland vegetation and has naturally progressed
back to a non-tidal freshwater marsh. The sites used in this research are dominantly fed by groundwater
and have experienced two full growing seasons prior to manipulation. Ongoing monitoring of the
research site has demonstrated that aboveground plant production is consistent with freshwater
marshes nearby, and that wetland conditions are maintained in the soil (Jenkins and Franklin,
unpublished data).

2. Experimental Design
In March 2009, 7.5 m x 7.5 m plots were established within three distinct hydrological regions of
the wetland. The “Wet” site was established in an area that was permanently inundated above the soil
surface (range: +2 cm to +30 cm) and dominated by obligate wetland plants. The “Intermediate” site
typically was inundated above the soil surface, but also experienced dry cycles during periods of low
flow (range: -2 cm to + 15 cm). Lastly, the “Dry” site was never inundated above the soil surface (range:
-55 cm to -73 cm), but maintained saturated soil conditions within the rooting zone.
Each main plot was divided into 25 subplots (1.25 m x 1.25 m; Figure 1b) using a square grid
system; ten subplots were randomly selected and cleared of all aboveground plant material as well as
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the first 5 cm of the decaying plant matter from the previous season (to minimize the seed bank as per
Zak et al., 2003). After initial set up, five selected subplots were assigned to be replicate “Vegetated”
controls and left undisturbed to re-grow throughout the season. The five remaining subplots were
designated to the “Clipped” non-vegetated treatment and were maintained bare by removing new plant
growth weekly (Figure 1c). Additionally, black plastic bags were placed on all of the entire Clipped
subplots for the first two weeks in an effort to kill any remaining plants and stunt additional growth.
Clipped subplot perimeters were cut using a straightedge shovel (30 cm) to reduce root intrusion and
surrounded by construction fencing to keep neighboring vegetation from invading the sample area;
perimeters were maintained twice a month. Subplot maintenance was not conducted during the week
prior to each sampling to minimize disturbance effects.

3. Sampling
Sampling began in May 2009 and continued every eight weeks until January 2010 (one growing
season). All sampling took place exclusively within the 1 m x 1 m center of each subplot; the outer 0.25
m border was not included to reduce potential edge effects (Figure 1d). For each sample event a 25 cm
x 25 cm square was used to randomly select a sample area; overlap with prior sampling locations was
avoided. Within the selected sample area, soil temperatures (°C) of each subplot were first recorded,
and then living plant material was collected to the soil surface and used to determine aboveground
plant biomass. Soil cores (30 cm) were taken within this selected area using an acrylic hand corer (10
cm x 40 cm, US Plastics Corp) in saturated areas and the Wildco Hand Core Sediment Sampler (5 cm x 50
cm, Forestry Suppliers Inc.) in drier soil conditions. Samples were stored at ambient temperature for
return to the lab.
Upon return to the lab, cores were subdivided as “top” (0-10 cm below the soil surface) and
“bottom” (lower 20-30 cm) to study depth effects. All samples were homogenized by gentle hand
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mixing in an air-tight bag. Redox and pH were immediately measured using a HANNA Combo pH and
ORP probe. Subsamples were removed for soil characterization, root biomass, and molecular genetic
analysis of the soil microbial community and processed as described below. The remaining soil was
stored at 4°C in air-tight one-quart plastic bags for soil enzyme analysis (typically within 2 weeks).

4. Soil characterization
To determine gravimetric moisture content, a subsample of soil (10-25 g) was dried at 100°C for
72 H. The dry soil was combusted at 425°C for 24 H in an Isotemp Programmable Muffle Furnace (Fisher
Scientific) to determine organic matter content as loss on ignition (Klute, 1986). Subsamples (2-3 g)
were also collected for determination of soil carbon and nitrogen content; samples were stored at -20°C
until acidification and analysis using the Series II CHNS/O Analyzer 2400 (PerkinElmer).

5. Vegetation
During each sampling event, plant species richness was identified within each of the 7.5 m x 7.5
m plots. Plant materials collected from the 0.25 m x 0.25 m sampling area were dried at 70°C to
estimate aboveground biomass (kg dry weight per m2). Root biomass was measured by submerging 20 g
of soil from each homogenized field sample into approximately 30 mL of tap water for 24 -72 H. The
softened soil was strained through a 0.45 µm sieve. Roots were collected and rinsed by hand and dried
at 65°C for 48 H. Root biomass was calculated as mg dry root per gram of dry soil.

6. Soil Microbial Community Analysis
6.1. Bacterial abundance
To determine bacterial abundance, subsamples (~ 15 g) were preserved with 20 mL of 2% filtersterilized formaldehyde; preserved samples were stored at 4°C. Acridine orange direct counts (AODC)
were later performed as described by Hobbie et al. (1977) with the following modifications. First,
8

preserved samples were resuspended in an Oster 14-speed blender; 80 mL filter sterilized deionized
water was added, as well as one conservative drop of Triton X-100 detergent (Sigma Aldrich). The
suspension was blended on a high setting for 2 minutes. The resulting solution was transferred to an
125-mL Erlenmeyer flask and sonicated at 15 W for 2 minutes using a Misonix Sonicator 3000. A 2-mL
homogenized aliquot was diluted with 8 mL of 2% filter sterilized formaldehyde and stored at 4°C. Prior
to slide preparation, the diluted sample was vortexed for 30 seconds and then left undisturbed for 3
minutes, during which time large soil particles settled out of solution. Aliquots (1 mL) of the upper
aqueous layer were removed and used for subsequent dilutions. Appropriate dilutions were stained
with 50 µl of 0.1 % acridine orange for 1 minute 45 seconds and filtered onto Millipore 0.2 µm GTBP
black filters. Counts were performed using an Olympus BX-41 microscope at 1000 X (oil immersion).

6.2. Bacterial Community Structure
Bacterial community composition was examined using terminal restriction fragment length
polymorphism (T-RFLP) analysis modified from Liu et al. (1997).

T-RFLP is a DNA fingerprinting

technique that allows one to compare microbial communities by looking at broad-scale sequence
variation using the 16S rRNA gene as a phylogenetic marker. T-RFLP data consist of a series of “peaks”
that each represent the presence or absence of a particular taxonomic group in the community. The
resolution of the assay is such that not all unique taxa will be represented in the peak profile; however,
initial abundance of a taxon partially determines whether it is detectable via T-RFLP, and so the assay
represents both community composition and evenness in an indirect way. T-RFLP is a common method
employed to assess broad-scale differences between microbial communities, and is considered a useful
indicator of bacterial diversity in the soil (Liu et al., 2008).
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6.2.1. DNA Isolation
DNA was extracted using the PowerSoil DNA Isolation Kit (Mo Bio Laboratories, Inc.) as per the
manufacturer’s alternative lysing instructions except a 10 minute lysing step was used rather than the
recommended 5 minutes.

DNA concentrations were determined using a Nanadrop 8000

Spectrophotometer (Thermo Scientific); samples were appropriately diluted using molecular-grade
water to 0.25 ng/µl aliquots for further analysis.

6.2.2. Polymerase Chain Reaction (PCR)
Bacteria-specific primers, 27F and 1492R, were used to amplify a portion of the 16S rRNA gene
via polymerase chain reaction (PCR) (Lane 2001). The final volume of each PCR reaction was adjusted to
50 µl that contained 5 U AmpliTaq DNA Polymerase, 2.5 mM MgCl2 solution, 1X GeneAmp PCR Buffer II,
20 µg BSA, 1 mM each dNTP, 0.3 µM 1492 reverse primer (5’-TAC GGY TAC CTT GTT ACG ACT T-3’) and
0.3 µM 27 forward primer (FAM labeled: 5’-AGA GTT TGA TCM TGG CTA G-3’). All reagents were
supplied from Applied Biosystems except BSA which was obtained from Roche. Most PCR reactions
were run with 0.25 ng template DNA, but some reactions required a higher template concentrated
solutions (0.5 – 0.75 ng); water volume was adjusted appropriately.
Thermal cycling for PCRs was performed using a PTC 200 Peltier DNA Engine (MJ Research) for
95°C for 5 min, 35 cycles of 94 °C for 1 min, 61 °C for 1 min, 72 °C for 2 min, and 72 °C for 8 min. Two
50 µl PCR products were pooled and then purified using a MinElute 96 UF™ PCR purification kit (Qiagen).
Purified amplicons were digested with 40 U HhaI (NEB) at 37 °C for 6 H followed by 65 °C for 20 min.
The digested product was again purified using the MinElute 96 UF PCR purification kit (Qiagen) and
resolved using capillary electrophoresis in a MegaBACE 1000 fluorescent genotyper. Map Marker 400
Rox ladder (Bioventures) was included with each sample; injection was at 3000V for 100 seconds, and
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run time was 100 min at 10,000V. Following electrophoresis, T-RFLP peaks were viewed and scored as
present/absent using Fragment Profiler v. 1.2.
7. Soil Microbial Function Analysis
The function of the soil community was examined by monitoring extracellular enzyme activity
(EEA) following modified protocols from Marx et al. (2001) and Stursova et al. (2005).

Extracellular

enzymes are the primary means by which soil microorganisms degrade complex organic molecules into
smaller components that can be more easily assimilated, and is a useful indicator of soil status.

To

achieve a quantitative estimate of activity, soils are spiked with fluorescently-labeled substrates. If the
enzyme of interest is present in the soil sample, the fluorescent label is cleaved from the substrate and
light emission can be measured and used to back calculate the amount of enzymes in the original soil
sample. Six substrates (Table 1) were used to assess EEA, and assays were completed within two weeks
of field sample collection. All substrates, standards, and buffers were obtained from Sigma-Aldrich Co,
Ltd.

7.1. Substrate Preparation
For each assay, substrates were prepared fresh using the appropriate solvent (Table 1) and
recommendations from Marx et al. (2001). Substrate concentrations and incubations times were
determined by a series of saturation studies with time-series data (results not presented).

All

measurements were made using BioTek Synergy II microplate reader and Gen5 software v. 1.07.

7.2. Standards and Buffer Preparation
Depending on the substrate tested, either MUB (# M1381) or AMC (# A9891) standards were
prepared for a quench standard assay. An appropriate quench range (pmol) varied between each
substrate tested; therefore a separate quench range correction procedure was applied for each
substrate tested (Marx et al., 2007). A 10-mM stock solution of pure standard MUB was prepared in
11

methanol and then diluted in 0.1 M MES buffer (2-[N-Morpholioethanesulfonic acid, pH 6.1) to 2 mM. A
20 mM AMC stock solution was dissolved in methanol but instead diluted to 2mM using 0.05 M Trizma
buffer (pH 7.8). These pH parameters were adapted to standardize the method (Marx et al., 2001).
Concentrated standards were stored for two weeks in the dark at 4°C; diluted standards were prepared
fresh for each new assay. A 50-mM sodium bicarbonate buffer (pH 6.1) was used for the colorimetric
polyphenols assay.

7.3. Microtiter plate setup

7.3.1. Soil Preparation
Soil suspensions were prepared by adding 1.0 g fresh soil to 100 mL DI water, then sonicated at
15 W for 2 minutes using the Misonix Sonicator 3000. Suspensions were swirled to resuspend settled
materials, and then rotated at 150 rpm on a shaker table as 50 µl aliquots were dispensed into the
appropriate wells of each assay plate.

7.3.2. Fluorescent Assay
For each soil sample, three enzyme assay replicates (containing sample + buffer + substrate)
were prepared as well as eight quenched standards (sample + buffer + varying amounts of MUB/AMC).
Each assay plate also included a negative control (sterile DI water + buffer + substrate); this was
prepared by replacing the volume from the soil slurry with 50 µl of sterile water. All well volumes were
set at 200 µl; depending on the final substrate and standard concentrations (Table 1), an appropriate
amount of sterile buffer was added to each well (see example in Marx et al., 2007). Enzyme substrate
was always added last. All fluorescent assays were slowly rotated in a 30°C dark incubator until they
were read on the Biosynergy II (excitation 360 nm and emission at 460 nm); total reaction times for each
substrate are summarized in Table 1.
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7.3.3. Colorimetric Assay
Three replicates of a negative sample control (50 µl sample + 100 µl of 50 mM NaHCO3 buffer +
50 µl sterile DI water), negative substrate control (50 µl sterile DI water + 100 µl of 50 mM NaHCO3
buffer + 50 µl L-DOPA), and enzyme assay (50 µl sample + 100 µl of 50 mM NaHCO3 buffer + 50 µl LDOPA) were prepared for each soil sample; a quench is not required for the colorimetric assay. Phenol
oxidase microplates were slowly rotated in the dark at 20°C for 4.5 H then read at 410 nm.

7.4. Calculations
Before calculating enzyme activity (µmol activity per gram dry soil per H), triplicate data points
were assessed for experimental error using the coefficient of variation. Any variation scoring more than
10% was individually examined for a single outlier; if the outlier was due to experimental error, a single
outlier was removed leaving at least two repeated measurements per sample for further calculations.
Fluorescent enzyme activity was calculated using equations provided from Steinweg and
McMahon (2007) with the following modifications. Each quench coefficient of determination (r2)
scoring lower than 0.98 was examined individually for experimental error; in the rare cases where r2 was
lower, any outlier was removed.

Absorbance based phenol oxidase enzyme activity was calculated

using a modified equation provided from Sinsabaugh (2009).

Optical density was calculated by

subtracting the negative sample control from the negative substrate control and background control.
Additionally, the micromolar extinction coefficient of 0.48 per µmol was used since all measurements
were made at 410 nm.

8. Statistical Analysis
Prior to full statistical analysis of the data, a Wilcoxon non-parametric paired t-test was used to
investigate if there were significant differences between the “top” (0-10 cm) and “bottom” (20-30 cm)
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samples using JMP v. 8.0. Overall, few significant differences were found for either the environmental
parameters or soil enzyme function (results not reported, p > 0.05). For the comparisons that were
statistically significant, the differences between means were minimal and did not display any notable
pattern with site, treatment, or time. Given these results, “bottom” samples were not analyzed using TRFLP and were excluded from the subsequent statistical analyses described below.

8.1. ANOVA
Using JMP v. 8.0, differences between mean levels of various measurements, accounting for site
allocation and time of year, were assessed using a mixed-effects repeated measures analysis of variance
(ANOVA). Particular core samples were allocated as random effects, while site (Dry, Intermediate and
Wet), treatment (Vegetated and Clipped) and month (May, July, September, November and January)
were included as fixed effects.

An equi-correlated dependence structure was assumed between

repeated measures. Non-significant model effects and interactions were not removed. The significance
level was adjusted for multiple comparisons using the Bonferroni correction, dividing the total
significance level (α = 0.05) by the number of comparisons for each measurement.

8.2. Principal Components Analysis
In addition to analyzing each soil property or set of EEA results individually, a multivariate
approach was also applied to examine overall patterns for each set of variables. Principal Components
Analysis (PCA) was conducted using PAST v. 2.01 (Hammer et al. 2001); to account for the fact the soil
variables often had different units, eigenvalues and eigenvectors were obtained using the correlation
matrix.
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8.3. NMDS and ANOSIM
For the analysis of microbial community composition, the presence or absence of each T-RFLP
peak in each sample was recorded as a binary data matrix. Jaccard similarity coefficients were then
calculated between each pair of samples as a means of representing overall community genetic
relatedness. Non-metric multidimensional scaling (NMDS) was performed using the matrix of Jaccard
similarity coefficients to produce two-dimensional plots whereby separation distance corresponds to the
ranked differences between samples (Legendre and Legendre, 1998). NMDS analysis was accomplished
using the computer program PAST v. 2.01 (Hammer et al. 2001). The significance of differences
detected among treatment groups was tested as outlined by Clarke (1993) using ANOSIM (ANalysis Of
SIMilarities), again using Jaccard similarity coefficients, and corrected by PAST for multiple comparisons
via sequential Bonferroni approach.

8.4. Correlation of Environmental and Biological Variables
A correlation analysis was conducted using Spearman’s rank order coefficient (rS) and the PAST
statistical package to quantify the association between each pair of soil environmental properties. In
order to further compare these variables to the community data (i.e., plant species and bacterial TRFLP), a series of Mantel (Rossi, 1996) and partial Mantel tests (Smouse et al. 1986) were applied. A
Mantel test is a regression in which the variables are actually similarity or distance matrices summarizing
pairwise comparisons among samples; the Mantel statistic (rM) is computed by determining the sum of
the cross-products of the corresponding values in each of these matrices (Rossi, 1996). The partial
Mantel test, as developed by Smouse et al. (1986), allows testing for the correlation between two
matrices while controlling for the effect of a third matrix, and is analogous to a partial correlation. Since
Mantel and Partial Mantel tests are based on distance/dissimilarity matrices, it was possible to compare
patterns in the community data (recorded as presence/absence) with the continuous variables.
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Partial Mantel tests were conducted using PASSaGE v. 2 (Rosenburg and Anderson, 2009). The
results (rM values) range from -1 to 1, and the statistical significance of each test was evaluated through
permutation (a Monte Carlo approach with N=5000). The significance level was adjusted for multiple
comparisons using a step-down sequential Bonferroni correction (Holm 1979). Similarity matrices were
calculated from each community dataset using the Jaccard coefficient, and then converted to
“dissimilarity” by subtracting each value from 1. For soil environmental data, bacterial abundance, and
plant biomass estimates, Gower’s coefficient was used to determine dissimilarity between pairs of
samples (Gower 1971).
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RESULTS
A mixed-effects repeated measures ANOVA was used to assess mean significant differences and
interactions by site, treatment and month for all soil data and extracellular enzyme analysis. Table 2
summarizes the degrees of freedom and Table 3 summarizes p-values.

1. Site and Moisture Effects
Soil saturation (gravimetric moisture content) was consistently higher at the Wet site compared
to the Dry sites, with minimal differences between the Vegetated and Clipped treatments (Figure 2a and
2b). Based on the significant site-treatment-month interaction (p < 0.001), mean saturation level in the
Clipped plots in the Dry site were more saturated than the Vegetated site (diff = 94.2; SE = 25.5). At the
same time, Intermediate Clipped subplots were less saturated than the mean for Intermediate
Vegetated plots (V- C diff = 97.0; SE = 25.5), and there is a similar pattern in the Wet site (V-C diff = 73;
SE = 25.5). Analysis of soil moisture demonstrated that the experimental design was successful in
developing two distinct hydrological regimes, Wet and Dry. The third Intermediate site, did not have
distinguishing characteristics, but instead shared qualities with both the Dry or Wet site during different
periods of the growing season.

Because of the fluctuations, most of the discussion focuses on

differences between the Wet and Dry to better understand the effects of hydrology and plant removal.

2. Vegetation Biomass
During field sampling, plants species were identified in each of the main 7.5 m x 7.5 plots. Five
wetland plant species were common to all three sites: bentgrass, marsh hibiscus, soft rush, rice cut
grass, and Asian spiderwort, and overall richness was greatest at the Dry site (Table 4). Richness was
highest in July and September and lowest in January and May. NDMS analysis was conducted to
compare presence/absence of each species in each plot using Sorenson Index. All three sites differed,
17

but the Dry site had the most unique plant community composition and showed the greatest change in
community members overtime (Figure 10).
Within the 0.25 m x 0.25 m square associated with each soil core, living vegetation was
collected, dried and then weighed to estimate aboveground biomass; there were no significant
differences across sites for either treatment (Figure 2c and 2d). However, there was a significant
interaction between treatment and month (p < 0.001), indicating that the effect of treatment allocation
of plant biomass is dependent upon the time of year. Based on this interaction, Vegetated mean plant
biomass is significantly greater than mean Clipped plant biomass in July, September and November (V-C
diffs = 0.946, 0.798, 0.867 kg per m2, respectively; SEs = 0.102); there were no significant mean
differences in plant biomass between the two treatments in May and January. For belowground
biomass, there were no obvious site or treatment effects, though there was a significant site-treatmentmonth interaction (p = 0.045; Figure 2e and 2f); Root biomass in Vegetated plots were significantly
higher than Clipped subplots during the month January in the Intermediate site, but there were no other
observed significant differences in Dry and Wet sites at any month.

3. Soil Properties
3.1. ANOVA Results
Soil surface temperatures (15 cm) followed seasonal air temperatures (results not presented);
average soil temperatures ranged from 20.3°C ± 0.4 (May), 23.5°C ± 0.2 (July), 19.7°C ± 0.2 (September),
with colder temperatures in Nov (14.5°C ± 0.2) and January (2.2°C ± 0.3); mean plot temperatures did
not significantly differ between treatment allocation for any given site and month combination.
Based on the significant Site-Month interaction (p < 0.001), it appears that Wet and
Intermediate mean pH levels are significantly higher than mean pH levels at Dry sites for all months in
both the Vegetated and Clipped subplots (Figure 3a and 3b). There were no interactions between site,
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treatment indicating that the elevated mean pH for Clipped over Vegetated is independent of site and
time of year month. There was a significant treatment effect; mean pH was significantly higher in
Clipped subplots compared to Vegetated subplots (C-V diff = 0.085; SE = 0.039; p-value = 0.040).
Redox also had a significant site effect, with higher values for the Dry site, though the treatment
main effect was not significant (p = 0.070), indicating that treatment allocation did alter mean redox
levels. There was a site-month interaction (p < 0.001) whereby Vegetated Dry redox readings were
significantly higher than the Vegetated Intermediate site (diff = 432 mV; SE = 12.8) and the Wet site (diff
= 479.8 mV, SE = 12.8) (Figure 3c). Dry Clipped subplots also had increased redox compared to the
Intermediate (diff = 465.6; SE = 12.8) and the Clipped Wet subplots (diff = 475.8; SE = 12.8) (Figure 3d).
There were no significant interactions or effects in soil organic matter across site locations,
treatment allocations and time of year (Figure 3e and 3f). There is weak evidence of a significant site
effect (p = 0.052) and it appears that average SOM levels at the Dry site (LS Mean = 6.30; SE = 0.49) are
lower than levels at the Wet site (LS Mean = 8.08; SE = 0.49). Values for the Intermediate site (LS Mean =
7.15; SE = 0.49) were not significantly different from Dry or Wet sites.
Average soil C:N ratios were not consistently different between sites, treatment, and month
(Figure 3g and 3h). There was a significant site-month effect (p = 0.039); C:N ratios in the Dry Vegetated
sites were consistently higher than in the Intermediate (diff = 2.04; p = 0.0007) and Wet Vegetated sites
(diff = 1.47; p = 0.0099); Dry Clipped subplots were found to have a higher C:N ratio than the
Intermediate (diff = 3.29; p < 0.0001) and Wet Clipped subplots (diff = 2.65; p < 0.0001); there were no
significant mean ratio differences between Intermediate and Wet subplots. Based on the significant
treatment-month effect (p = 0.049), July Dry Clipped mean C:N levels were significantly higher than
Vegetated mean C:N levels (C-V diff = 4.046; SE = 1.009), but not for any other months.
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3.2 Spearman Rank Correlation (rS)
Relationships among environmental soil parameters were explored using Spearman Rank
correlation (Table 5). Saturation was found to have a significant positive correlation with pH (rS = 0.51)
and soil organic matter (rS = 0.62), and had a significant negative relationship with redox (rS = -0.77) and
C:N (rS = -0.31, marginally significant p = 0.0098). pH was significantly negatively correlated with C:N and
redox (respectively, rS = -0.39; rS = - 0.47). Redox was negatively associated with soil organic matter
quality (rs = - 0.38), but a positive significant relationship with quality (C:N rS = 0.41). Surprisingly,
temperature did not correlate with any other measured soil parameter.

3.3 PCA of Overall Soil Physiochemical Properties
To compliment the individual ANOVA assessment, soil moisture, above- and below-ground
biomass, plot temperature, pH, redox, soil organic matter, and ratios of carbon to nitrogen were
combined using a PCA for an overall analysis of vegetation and soil physiochemical properties (Figure 4).
The first three axes of the PCA explained 63.1 % of the variance in the data (Table 6). When data were
averaged across time, site and treatment, separation on the first axis corresponds well to differences
across sites (Figure 4a) accounting for 31.3% of total variability in the data (Table 6). Factor loadings for
soil moisture, pH, and redox were similar for this first axis (scores ~ 0.80; Table 7). The second and third
axes explained similar fractions of the total variability (axis 2: 17.1 %, axis 3: 14.7 %). Plot temperature is
the key variable responsible for separation on the second axis, which corresponds to a separation of all
samples in January, but more interesting is the separation on the third axis. Both the season and
treatment effects are clear when the first and third axes are plotted separately by month (Figure 4b –
4f). The main cause for the treatment separation on the third axis is attributed to similar factor loadings
for above- and belowground plant biomass (~0.65; Table 7).

In May, there are relatively small

differences between the Intermediate and Dry sites for both the Vegetated and Clipped subplots, but as
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the season progresses, noticeable differences between treatments becomes clear (July and September).
As soil temperatures drop and plant senescence begins, differences between the two treatments
disappear, and only the site effect remains in January. Regardless of soil temperature and plant biomass
or season, the Dry site maintains independent characteristics from the Intermediate and Wet.

4

Soil Microbial Community Analysis

4.1. Bacterial Abundance
Using Acridine Orange direct counting, significant mean differences in bacterial abundance were
found across sites and over time (cells per gram dry weight of soil) (Figure 5a and 5b). Based on the sitemonth interaction (p < 0.001), there were no significant differences between Intermediate and Wet sites
in any month; however, all possible Dry comparisons to the Intermediate and Wet site were significant.
On average, bacterial abundance was between 2 and 6 times higher in soil cores form the Dry site. There
were no differences in bacterial abundance between the Clipped and Vegetated subplots (p = 0.89).

4.2. Bacterial Community Structure
NDMS was used to help visualize patterns in the microbial community structure data obtained
via T-RFLP DNA fingerprinting. The information could be summarized on a 2D plot that accounted for
76.5 % of the variability in the dataset at a stress level of 0.1953. First, all data were plotted regardless
of month, and coded based on site and treatment (Figure 6a). In this case, there is a strong separation
on Axis 1 that corresponds to Site location, and very little separation on Axis 2. However, when
individual sampling events are considered and statistical significance is evaluated via ANOSIM, nearly
every comparison of treatment and site are significantly different from each other (Table 8). In each
monthly assessment (Figure 6b – 6f), community composition at the Dry site is almost always different
than the Wet and Intermediate sites while Intermediate and Wet site have similar community structure.
Treatment separation on the second axis corresponds well to season shifts changes in vegetation, but
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Vegetated and Clipped subplots become more similar as the soils temperatures drop to freezing and
plant biomass senesces.

5

Extracellular Enzyme Function (EEA)

5.1. Carbon Substrates
β-1,4-glucosidase activity (BG; Figure 7a and 7b, Table 3) was not significantly different in the
three sites (p = 0.011) nor was there a significant treatment effect (p = 0.21; V – C diff = 0.04 µmol
activity g dry-1 soil H-1; SE = 0.03). However, there was a significant interaction between site and month
(p = 0.007). In both treatments, activity was significantly increased in the Dry site relative to Wet in July
(diff = 0.199 µmol activity g dry-1 soil H-1; SE = 0.063; p = 0.002) and September (diff = 0.251 µmol activity
g dry-1 soil H-1; SE = 0.063; p < 0.001), but not in any other month.
For 1,4-β-cellobiosidase enzyme activity (Cellobiosidase; Figure 7c and 7d, Table 3), there was a
significant site-treatment-month interaction (p < 0.001). In the Vegetated treatments, activity at the
Wet site was consistently higher than the Dry site and significant for all sampling events except May
(July: p < 0.001, diff = 0.33 µmol activity g dry-1 soil H-1, SE = 0.07; September: p < 0.001, diff = 0.37 µmol
activity g dry-1 soil H-1, SE = 0.07; November: p = 0.0008, diff = 0.24 µmol activity g dry-1 soil H-1, SE 0.07;
January: p < 0.001, diff = 0.31 µmol activity g dry-1 soil H-1; SE = 0.07). Cellobiosidase activity in samples
taken from the Vegetated plots at the Wet site did not significantly differ from analogous ones taken at
the Intermediate site (p > 0.05). In comparing the Vegetated Intermediate and Dry subplots, the only
statistically significant difference observed was for the month of January, mean cellobiosidase activity in
the Vegetated Intermediate subplots was significantly higher than Vegetated Dry subplots (diff = 0.407
µmol activity g dry-1 soil H-1; SE = 0.07).
Cellobiosidase activity in Clipped subplots was similar to patterns in Vegetated subplots (Figure
7c and 7d). Mean activity in Clipped subplots were significantly increased in the Wet site compared to
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the Dry in July, (p < 0.0001; diff = 0.30 µmol activity g dry-1 soil H-1; SE = 0.07), September (p < 0.0001;
diff = 0.33 µmol activity g dry-1 soil H-1; SE = 0.07), and November (p < 0.0001; diff = 0.32 µmol activity g
dry-1 soil H-1; SE = 0.07). Mean cellulose activity was significantly higher in the Intermediate Clipped
subplots than Dry Clipped subplots for the month of September (p = 0.0074; diff = 0.19 µmol activity g
dry-1 soil H-1; SE = 0.07) and November (p = 0.0065; diff = 0.19 µmol activity g dry-1 soil H-1; SE = 0.07).
There were no mean significant differences between Intermediate and Wet Clipped subplots (all p >
0.01). Overall, when Vegetated and Clipped treatments were compared, there were no consistent
differences in terms of site or time. The only significant difference was for the month of January, when
mean cellobiosidase activity was significantly higher in Clipped subplots than in Vegetated subplots in
Dry sites (diff = 0.256 µmol activity g dry-1 soil H-1; SE = 0.069; p < 0.001), while mean Cellobiosidase was
significantly higher in Vegetated than in Clipped in Intermediate sites (diff = 0.292 µmol activity g dry-1
soil H-1; SE = 0.069; p < 0.001) and Wet sites (diff = 0.211 µmol activity g dry-1 soil H-1; SE = 0.069; p =
0.003).
Based on the analysis of β-D-xylosidase activity (Xylo; Figure 7e and 7f), there is a significant site
main effect (p < 0.001). Activity at the Wet site was higher than either the Dry (diff = 0.103 µmol activity
g dry-1 soil H-1; SE = 0.020; p < 0.001) or Intermediate site (diff = 0.061 µmol activity g dry-1 soil H-1; SE =
0.019; p = 0.005); Dry and Intermediate do not differ from each other. November Xylo mean activity
was significantly increased in Vegetated subplots compared to Clipped subplots (V-C diff = 0.087 µmol
activity g dry-1 soil H-1; SE = 0.031; p = 0.006), but there were no treatment differences for any other
month (note no measurements were available in January).
There was a significant site-month interaction (p-value < 0.001) for phenol oxidase enzyme
activity (PO; Figure 7g and 7h, Table 3), which indicates that the pattern across sites changed depending
on the sampling event. More specifically, mean PO activity in July was significantly higher in the Dry site
compared to the Intermediate site (diff = 2.357 µmol activity g dry-1 soil H-1; SE = 0.456; p-value = <
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0.001) and Wet site (diff = 3.903 µmol activity g dry-1 soil H-1; SE = 0.456; CI: 2.998, 4.808; p-value = <
0.001) and Wet is higher than the Intermediate site (diff = 1.546 µmol activity g dry-1 soil H-1; SE = 0.456;
p-value = 0.001). There were no significant mean PO differences between sites at any other month
(note that no measurements were available for November), and the main treatment effect was not
significant (p-value = 0.36).

5.2. Leucine Activity
Leucyl aminopeptidase activity (Leucine; Figure 8a and 8b) was not significantly different across
sites (p = 0.19) nor was there a treatment effect (p = 0.40; V-C diff = 0.16 µmol activity g dry-1 soil H-1; SE
= 0.18); however, there were significant mean differences between the months (p = 0.045). Mean
Leucine levels were higher in January than in September (diff = 0.777 µmol activity g dry-1 soil H-1; SE =
0.271; p = 0.005), but there were no significant mean differences between any of the other months.

5.3. Sulfate Activity
Based on the site-month interaction (p = 0.008), mean arylsulfatase enzyme activity (Sulfate;
Figure 8c and 8d) in the Wet site was higher than Dry sites for the month of May (diff = 0.063 µmol
activity g dry-1 soil H-1, SE = 0.016, p < 0.001), July (diff = 0.070 µmol activity g dry-1 soil H-1, SE = 0.016, p
< 0.001), September (diff = 0.084 µmol activity g dry-1 soil H-1, SE = 0.016, p < 0.001), and November (diff
= 0.063 µmol activity g dry-1 soil H-1, SE = 0.016, p < 0.001); there were no mean differences for the
month of January. Mean sulfate enzyme activity was also significantly higher in Wet subplots compared
to the Intermediate site in September (diff = 0.053 µmol activity g dry-1 soil H-1; SE = 0.016; p-value =
0.001) but not for the other four months; there were no significant mean differences between Dry and
Intermediate sites. Based on the treatment-month interaction (p = 0.002), Vegetated subplot levels
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were significantly greater activity than Clipped subplots for September only (diff = 0.051 µmol activity g
dry-1 soil H-1; SE = 0.013; p < 0.001).

5.4. PCA of Overall Enzyme Activity
To compliment the ANOVA-based comparisons of individual enzyme activity, a PCA was also
performed to examine patterns in overall soil enzyme function (Figure 9a); overall soil enzyme function
combines all six enzymes: BG, cellobiosidase, Xylo, Phenol oxidase, Leucine, and Sulfate, for analysis.
The first two axes of the PCA explained nearly 70 % of the variance in the data (Table 6). When
averaged by time, site and treatment, separation on the first axis corresponds well to differences across
hydrological conditions (Figure 9a) accounting for 51.8% of total variability in enzyme function (Table 6).
BG, Cellobiosidase, Leucine, and Sulfate are similar for this first axis (factor loadings ~ 0.80; Table 7).
There is relatively little separation for either site or treatment on the second axis (17.3%), but notably
enzymes responsible for cleaving more recalcitrant carbon compounds, Xylo and PO, load strongly
(factor loadings ~0.65; Table 7).
When these overall results are plotted separately by month, it becomes clear that relative effect
of site and treatment change depending on the time of year (Figure 9b – 9f). As the growing season
progresses, there is greater separation between sites (e.g., July and September) and some treatment
effects (e.g., September) until the sites came back together during late fall and winter.

6.0 Partial Mantel Test (rM)
A Partial Mantel test was used to investigate the individual effects of hydrology and vegetation
on microbial community structure, abundance, and soil function. When soil saturation was held
constant, positive correlations were significant between belowground root biomass and redox (rM =
0.39); plant species associated with pH (rM = 0.61) and redox (rM = 0.50) (Table 9). Based on the step-
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down Bonferroni correction, there were no significant associations with aboveground plant biomass, but
soil temperature (rM = 0.18) was marginally significant.
An overall assessment, excluding time, found plant species to significantly correlate with
bacterial community composition (rM = 0.42) and abundance (rM = 0.41) (Table 10). Based on the
monthly assessment, aboveground biomass associated with microbial structure, root biomass associates
with soil function, and plant species has a relationship with both structure and abundance. There is no
observed contributing relationship between structure and abundance in the month of January
suggesting that other environmental variables, such as season temperatures, may contribute to soil
function, microbial abundance and structure.
To assess the overall effect of hydrology, all vegetated data were correlated with saturation.
Based on the Partial Mantel (Table 11), soil saturation correlated with bacterial community structure (rM
= 0.18) and soil enzyme function (rM = 0.49). If each month is evaluated separately, saturation correlates
with structure, abundance and function for every month except January. The same Partial was run with
the clipped sites included, patterns did not change.
Removing the effects of both saturation and vegetation, there is a weak, but significant
correlation between bacterial composition and soil enzyme function (Table 12). Though the correlation
is weak, this evidence suggests that function and structure are most likely linked.
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DISCUSSION
The study aimed to characterize how bacterial community composition and soil function (via
EEA) respond to the separate and integrated effects of hydrology and vegetation in a freshwater
wetland. To develop a mechanistic appreciation of how these properties impact the organization and
activity of the microbial community, the combined effects of these properties must also be evaluated
because that is what ultimately determines ecosystem function and productivity. The present research
provide important insight into these issues by first considering how saturation and vegetation can
interact to affect the overall soil environment (Section 1), and then by examining the correlation
between this overall set of environmental conditions and microbial community composition and activity
(Section 2). Establishing plots in various saturation conditions and removing vegetation in designated
treatment subplots explored these questions under situations where the relative impact of each type of
variable (water or plants) was different.

1.0. Saturation and vegetation effects on soil parameters
Strong differences in soil saturation resulted in two distinct plots, Dry and Wet; the Intermediate
site was almost always statistically different from the Dry site, but comparable saturation levels at the
Wet and Intermediate sites resulted in similar soil parameters (i.e., pH, redox, etc) (Figure 3). In addition
to saturation differences, two unique plant communities were identified at the Wet and Dry site. A
diverse range of facultative upland wetland plants colonized the Dry site and obligates macrophytes
established in the Wet site (Table 4). Plant community composition at the Intermediate and Wet sites
were similar throughout the growing season, whereas the Dry site showed the greatest change in
community members overtime (Figure 10, Table 4). Based on the wetland indicator status (USDA
PLANTS database, Region 1), differences in plant community composition were most likely driven by
saturation. Since soils at the Wet and Dry site have distinct saturation levels and unique plant
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communities, evaluating differences between the two extreme sites may provide a key to understanding
mechanisms controlling bacterial dynamics and soil function.
When soil saturation was compared to the other physicochemical properties (Table 5), a strong
correlation was found with redox (rS = -0.77) and pH (rS = 0.51), which were further correlated with each
other (rS = -0.46). Given that all three sites are located within a relatively small basin (70 acres), it can
reasonably be assumed that they are derived from the same lithology and have similar groundwater and
surface water inputs, and thus would be expected to have similar soil pH except for the effect that has
been induced by soil saturation. Wetlands like this one, with low organic matter accumulation generally
from slightly acidic to neutral pH. Depending on the soil type, water chemistry, redox level, and organic
acids present, soil pH can fluctuate from acidic to alkaline conditions (Hammer, 1989; Mayes et al.,
2009). In the Wet and Intermediate sites, a relatively neutral pH is maintained throughout the growing
season; however, soils are much more acidic at the Dry site (Figure 3a). Though the role of pH in
affecting process rates and in structuring microbial communities is an area that has not received much
attention (Gutknecht et al., 2006; Ehrenfeld et al., 2005), the pH values recorded for this site did not
strain microbial communities or limit function. The drastic drop in Dry soil pH in September did not
impact any compositional or functional differences (Figure 6d, Figure 9d)In contrast, prolonged flooding
is expected to play a significant role in bacterial community composition, abundance, and soil function
because increased inundation leads to reduced soil conditions and limits both oxygen and substrate
availability.
In addition to saturation effects, plant communities are thought to indirectly affect pH and
redox potentials through carbonic acid production, root microbial respiration, root oxygen ventilation,
organic matter leaching, and selective nutrient uptake (Ehrenfeld et al., 2005).

To examine the

relationship between pH, redox, and the plant community, the effect of soil saturation was removed in a
Partial Mantel test. Surprisingly, the only significant association was between pH and the type of plant
28

species present (rM = 0.61, Table 9). This suggests that the composition of the plant community plays a
more important role in soil pH regulation than does the amount of plant/root matter present.
Furthermore, similar redox values occurred in areas with similar plant species (rM = 0.50; Table 9) and
similar root biomass (rM = 0.39; Table 9).

These correlations are quite high, even after controlling for

the shared relationship of each variable with soil saturation, and strongly suggest a coupling between
vegetation, pH, and redox. However, this research relied on bulk measurements of soil properties,
which limited our ability to specifically characterize rhizosphere-induced changes to the soil pH or redox.
In future studies, smaller-scale soil measurements may be a better indicator of plant-induced effects.
Additionally, water chemistry would also be an important measurement as it would help better
characterize nutrient inputs in the ecosystem.
When soil organic matter (SOM) was compared across sites, there were no significant
differences; however, SOM is slightly higher in the Wet site compared to the Dry site (Figure 3e and 3f).
This accumulation of organic matter is not unexpected because soil inundation slows the rates of
organic matter decomposition. Additionally, SOM has been found to significantly correlate with soil
texture and land usage (Bruland and Richardson, 2004). Soils with a coarse texture are not capable of
holding moisture and are thus much less effective in retaining nutrients than soils dominated by finetextured silts and clays (Bruland and Richardson, 2004). Based on the saturation and textures of the
soils at each study site (texture analysis by A&L Laboratories; Buoyancy method, 1962), it was expected
that organic matter would accumulate more in the Wet/Intermediate silty clay soils, compared to the
coarse sandy loams in the Dry site, but this was not the case. Overall, organic matter accumulation in
the soils is very low (Figure 3e) and C:N is similar in all sites (Figure 3g). Since the breach in the dam and
return to wetland conditions, similarities across sites are most likely due to the recent land exposure
and organic matter deposition rates controlled by the lake ecosystem for over 80 years. As the exposed

29

basin experiences additional growing seasons, SOM quality and quantity in these areas will probably
begin to diverge significantly.
When all of the soil properties and vegetation results are considered together via PCA, it isn’t
surprising to find pH, redox, and soil saturation as the main variables driving the differences between
the Dry and Wet sites (Figure 4a, Axis 1 in Table 7). The three variables are highly correlated; as soil
saturation increases so does pH, but directly results in a decreased redox potential (Table 5). These
differences were consistent across all sampling events (Figure 4b – 4f), and show a pattern similar to
that observed for the microbial community parameters (Figures 6 and 9, to be discussed). However, it
was somewhat surprising to learn that there were minimal differences observed between Clipped and
Vegetated subplots for either the soil properties or root biomass (Figures 2 and 3). Despite a significant
reduction in above-ground biomass in the Clipped plots, root biomass was comparable in both
treatments, which may explain why soil physicochemical properties did not change much between the
two groups. Though it seems that hydrology is the main factor driving environmental differences (Table
5), the removal of aboveground plant material and its’ effect on belowground root biomass could still
have a direct effect on the microbial community, and may play an important role in function,
composition and/or abundance.

2.0. Saturation and vegetation effects on the bacterial community and soil function
Similar to the overall environmental PCA, bacterial community composition (Figure 6a),
abundance (Figure 5a and 5b), and soil enzyme function (Figure 9a) separate by site location.
Furthermore, there are minimal differences between the Vegetated and Clipped treatments (Figure 6a
and 9a). The effect of saturation, exclusive of any shared correlation with the wetland vegetation, was
found to have a strong correlation with overall soil function (rM = 0.49; Table 11) and bacterial
community structure (rM = 0.18; Table 11). When each sampling event was considered separately, soil
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saturation was strongly associated with changes in microbial community structure, abundance, and
function. The only exception to this pattern was in January, when cold temperatures likely limited
biological activity and disrupted the link between hydrology and the microbial community. During the
growing season, the Dry site is not subjected to intense flooded conditions resulting in less higher redox
potentials. Redox values at the Dry site are near 400mV, which signals the environment is not oxygen
limited and is most likely dominated by an aerobic bacterial community. The availability of oxygen in
the Dry site allows for more efficient energy transformations and decomposition of the SOM present
supporting a more abundant population. In contrast, anoxic conditions were generated at the Wet site
due to long-term superficial flooding; as a direct result, a diminished bacterial population which is
adapted to use reduced substrates, such as nitrogen, iron, and sulfate, for energy transformations
dominates the soil matrix (Ludemann et al., 2000; Song et al, 2008). The Wet site is continuously
flooded locking nutrients up and reducing the oxygen availability; this most likely leads to a community
dominated by anaerobes.
Plant-soil-microbe research is vast, inconclusive, and contradictory because separate aspects of
the plant community have been recognized to shape microbial community and soil function. More
specifically, research has attributed changes in microbial community dynamics to differences in
diversity, aboveground biomass, species richness, and/or plant functional groups (Reynolds et al., 2003;
Wardle et al, 2004; Liu et al, 2008; Zak et al; 2003; Ehrenfeld et al, 2005; Choi et al, 2009; Shackle et al,
2000; Sinsabaugh et al, 1991; Yu and Ehrenfeld, 2010). In the present study, there were significant
correlations between plant species and bacterial abundance (rM = 0.41; Table 10) and community
composition (rM = 0.42; Table 10). More notable is the individual monthly assessment. If each sampling
event is considered separately, bacterial composition, abundance, and function all significantly correlate
with different aspects of the plant community for every month except January. Aboveground biomass
was found to have a positive significant association with the bacterial community structure (Table 10).
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Strong compositional differences are visualized between the Vegetated and Clipped subplots in months
where aboveground biomass peaks (i.e., July) and are more similar as plants senesce (i.e. January)
(Figure 6b – 6f). These results suggest that seasonal growth patterns of vegetation may be a stronger
driver of microbial diversity, which concurs with results presented by Zak et al. (2003). Additionally,
when the composition of plant communities was considered, a strong significant positive association
with both bacterial community structure and abundance appear (Table 10). These results further
suggest that the types of plant species presence are important for shaping the bacterial community.
In the overall assessment via PCA, extracellular enzyme activity of more labile substrates (BG,
Cellobiosidase, Leucine, and Sulfate) separate based on the hydrological regime (Figure 9a, Table 7, Axis
1).

Surprisingly, individual enzyme activity is often highest in the Wet site, which is not the typical

school of thought (Figure 7 and 8; Kang and Freeman, 1999; Kang et al, 1998). Generally, activity is
found to be suppressed in saturated areas due to less nutrient availability, inefficient metabolism
associated with anaerobic respiration pathways, and metal ion inhibition (Kang et al., 1998; Kang and
Freeman, 1999). Even though our assessment rejects the typical pattern, other research in this field has
found that wetter conditions release dissolved organic carbon (DOC) into soil pore water thus increasing
enzyme activity (Freeman et al, 1998). A similar explanation could apply to our research, though
leaching studies and measurements of porewater DOC would be necessary to help confirm this
hypothesis.
Vegetation was an important variable contributing to soil function; however the magnitude of
the effect varied greatly depending on the site and time of year. When each sampling event is
considered separately, differences between the Clipped and Vegetated plots become clear. Overall
differences in EEA are always greatest when comparing the two treatments at the Wet site, and are
most notable later in the growing season (July and September, Figure 9). Separation of treatments
occurs primarily on the second axis of the PCA, which describes differences in EEA of more recalcitrant
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substrates like tannins and lignins by quantifying the activity of Xylo and Phenol Oxidase (PCA Figure 9a,
Table 7, Axis 2). When the Partial Mantel test was applied to compare each plant variable to overall EEA
(Table 10), while holding the effect of soil saturation constant, we see that differences in root biomass
are strongly correlated with differences in EEA for the warmer months (May-November). Because roots
leak oxygen and provide a source of carbon, this link is not surprising and probably represents a
response of the EEA to altered resource availability associated with root production. Even in the Clipped
treatments, root biomass persists (Figures 2f); however, it is possible that roots in Clipped subplots are
functioning slightly differently as those plants strive to reestablish aboveground vegetation and/or
compensate for loss of photosynthesis byproduct.

In addition, bacteria communities were

compositionally different between the treatment subplots which may play a slight role in the function of
these soils. In a Partial Mantel test, removing the plant and saturation effects, there was a significant
positive correlation between the bacterial community structure and enzyme function (rM = 0.14; Table
12). Therefore, the changes in root activity and bacterial composition may be a mechanism separating
Clipped and Vegetated subplots in selected months via PCA.

Conclusions
Based on the different soil characteristics at the Wet and Dry plots, saturation seems to be the
key factor shaping soil physiochemical properties, bacterial community composition and abundance,
and soil function. Even though there were minimal differences between the treatment subplots and
removal of vegetation effects (belowground) was unsuccessful, overwhelming evidence suggests the
plant community has a more selective role shaping bacterial communities and soil function. The effects
of the plant community are often difficult to interpret because hydrology correlates strongly with all
aspects of the environment, and soil characteristics are so tightly linked that the direction of the effect is
often inconclusive. In addition, dissimilarities are most likely limited due to the short duration of this
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study. Soil environmental physiochemical properties are a product of duration and frequency of
inundation, water chemistry, biota, basin morphology, and geological time; therefore, to fully
investigate the separate roles of hydrology and vegetation these treatments need to be followed over
multiple growing seasons.
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Table 1: Summary of substrates, solvents, concentrations, and reaction times used to assess soil extracellular enzyme activity.

Enzyme

EC#

Substrate

Sigma-Aldrich
Catalog
Number

Solvent

Assay
Concentration
(mM)

Total
Reaction Time
(hours)

β-1,4-glucosidase

3.2.1.21

4-MUB β-Dglucopyranoside

M3633

EGME**

0.60

6.5

1,4- β –cellobiosidase

3.2.1.91

4-MUB β-D-cellobioside

M6018

EGME

0.60

1.25

β-D-xylosidase

3.2.1.37

4-MUB- β-Dxylopyranoside

M7008

EGME

0.60

6.0

Phenol Oxidase

1.10.3.2

L-DOPA*

D9629

Sterile DI H20

6.25

4.5

Leucyl aminopeptidase

3.4.11.1

L-Leucine-7-amido-4methylcoumarin HCl

L2145

Sterile DI H20

0.40

2.25

Arylsulfatase

3.1.6.1

4-MUB-sulfate

M7133

EGME

0.60

5.25

* L-DOPA - 3,4-Dihydroxy-L-phenylalanine
** EGME – ethylene glycol monomethyl ether (methylcellosolve) is used to stabilize the substrate
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Table 2: Degrees of freedom for
ANOVA main effects and interactions.
Source
Site
Treatment
Site*Treatment
Month
Site*Month
Treatment*Month
Site*Treatment*Month

Num DF Den DF
2
24
1
24
2
24
4
96
8
96
4
96
8
96
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Table 3: Summary p-values for the mixed-effects repeated measures ANOVA (α = 0.05).
Variable
Vegetation
Aboveground biomass
Root biomass

Site

Treatment

Site*Treatment

Month

Site*Month

Treatment*Month

Site*Treatment*Month

0.860
0.270

<0.001
0.058

0.880
0.740

< 0.001
0.010

0.340
0.042

< 0.001
0.072

0.340
0.045

0.310
0.730
0.040
0.070
0.980
0.450

0.570
0.180
0.210
0.094
0.190
0.240

< 0.001
0.002
< 0.001
< 0.001
< 0.001
0.440

< 0.001
0.240
< 0.001
<0.001
0.040
0.270

0.190
0.370
0.430
0.130
0.049
0.390

0.003
< 0.001
0.730
0.390
0.070
0.620

Soil Function - Extracellular Enzyme Analysis
BG
0.011
0.210
Cellobiosidase
< 0.001
0.220
Xylo
< 0.001
0.054
Phenol Oxidase
< 0.001
0.360
Leucine
0.190
0.390
Sulfate
< 0.001
0.210

0.720
0.140
0.083
0.940
0.360
0.075

< 0.001
< 0.001
< 0.001
< 0.001
0.045
< 0.001

0.007
0.001
0.720
< 0.001
0.270
0.008

0.650
0.580
0.028
0.290
0.340
0.002

0.110
< 0.001
0.960
0.170
0.150
0.053

Microbial Community
Bacterial Abundance

0.340

< 0.001

< 0.001

0.680

0.330

Soil Physiochemical Properties
Plot Temperature
< 0.001
Soil Moisture
< 0.001
pH
< 0.001
Redox
< 0.001
C:N
< 0.001
SOM
0.052

< 0.001

0.890
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Table 4: Plant species richness of each site throughout the study. “X” indicates the presence of living biomass for a particular plant type.
May
Scientific Name

Common Name

July

Dry

Interm

Wet

X

X

Dry

September

Interm

Wet

X

X

Dry

November

Interm

Wet

X

X

Dry

January

Interm

Wet

X

X

X

X

X

X

Dry

Interm

Wet

X

X

X

COMMON TO MULTIPLE SITES
Agrostis sp.

Bentgrass

X

Hibiscus moscheutos

Marsh hibiscus

X

Juncus effusus

Soft Rush

Leersia oryzoides

Rice Cut Grass

Murdannia keisak

Asian Spiderwort

X
X

X
X
X

X
X

X

X

X

X

X

X

X

X

X

X

X

X

X

EXCLUSIVE TO A GIVEN SITE
Asteraceae family

unidentified Aster

X

X

Boehmeria cylindrica

False Nettle

X

X

Carex sp.

Sedge

Cyperus esculentus

Chufa Nut Grass

Eupatorium maculatum

Joe-Pye Weed

X

X

Hypericum mutilum

Dwarf Saint John's Wart

X

X

Liquidambar styraciflua

Sweet Gum

X

X

Ludwigia alata

Winged Primrose-Willow

Ludwigia repens

Creeping Primrose-Willow

Lycopus virginicus

Virginia Water Horehound

Nuphar lutea

Yellow Pond Lilly

Phytolacca americana

American Pokeweed

Polygonum setaceum

Bog Swamp Weed

X

Polygonum cespitosum

Oriental Lady's Thumb

X

Polygonum sagittatum

Sagittate Tearthumb

X

Polygonum punctatum

Smart Weed

X

Rhexia virginica

Meadow Beauty

X

Salix nigra

Black Willow

Setaria parviflora

Foxtail

Typha angustifolia

Narrow-leaved Cattail

X
X

X

X

X
X

X

X

X

X
X

X
X

X

X

X
X

X
X
X

X
X

X
X

X
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Table 5: Spearman Rank Correlation (rS) between the environmental variables
Saturation
Saturation

pH

Redox

SOM

Temp

C:N

-

pH

0.51*

-

Redox

-0.77*

-0.46*

-

SOM

0.62*

0.10

-0.38*

-

Temp

-0.27

-0.11

0.21

0.06

-

-0.31**

-0.39*

0.41*

-0.04

-0.16

C:N

-

* p < 0.0001 - significant using step-down Bonferroni correction
** 0.003 < p < 0.01
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Table 6: Results of PCA analysis of soil enzyme
activity and soil environmental parameters.
Variable type
Soil Environment

Extracellular Enzymes

Axis
1
2
3
4
1
2
3
4

Eigenvalue
2.5
1.4
1.2
0.9
3.1
1.0
0.6
0.5

% variance
31.3
17.1
14.7
11.6
51.8
17.3
10.0
9.0
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Table 7: Factor loadings for PCA of soil
enzyme activity and soil environmental parameters.
Variable
Soil Environment
Soil Moisture
Aboveground Biomass
Root Biomass
Plot Temperature
pH
Redox
SOM
C:N
Extracellular Enzymes
BG
Cellobiosidase
Xylo
PO
Leucine
Sulfate

Axis 1

Axis 2

Axis 3

Axis 4

0.77
-0.09
0.41
-0.26
0.76
-0.85
0.29
-0.53

-0.25
0.51
-0.32
0.78
0.19
-0.17
0.01
-0.53

0.12
0.71
0.63
0.04
-0.30
0.06
0.37
0.19

-0.04
-0.21
-0.32
0.08
-0.02
0.01
0.87
0.13

0.79
0.81
0.55
-0.58
0.79
0.76

-0.03
-0.18
0.70
0.60
-0.18
0.35

-0.25
0.37
-0.02
0.39
0.42
-0.26

0.48
0.15
-0.34
0.38
-0.17
0.06
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Table 8: p values for ANOSIM of T-RFLP data.
Treatment
Site & Month
Wet
May
Wet
Interm
Dry
July
Wet
Interm
Dry
September
Wet
Interm
Dry
November
Wet
Interm
Dry
January
Wet
Interm
Dry

0.075
0.007*

Vegetated
Interm

0.008*

0.008*
0.008*

0.006*

0.029
0.008*

0.018*

0.008*
0.008*

0.009*

0.009*
0.007*

0.007*

Wet

Clipped
Interm

-

0.007*
0.007*

0.007*

-

-

0.006*
0.007*

0.008*

-

-

0.009*
0.009*

0.007*

-

-

0.008*
0.009*

0.008*

-

-

0.023
0.008*

0.009*

-

Dry

Dry

* Significantly different according to sequential Bonferroni correction
(determine by PAST)
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Table 9: Partial Mantel correlations (rM) between soil variables and vegetation, removing
the effects of saturation. Analysis performed using data Vegetated plots only to explore
natural relationships before treatment manipulation
Aboveground
Belowground
Plant Biomass
Root Biomass
Plant Species
Temperature

0.18**

0.08

-0.09

pH

-0.02

-0.22

0.61*

Redox

-0.03

0.39*

0.50*

SOM

0.02

-0.10

-0.06

C:N

-0.05

-0.07

-0.02

Aboveground Plant Biomass

-

-

-0.28

Belowground Root Biomass

0.06

-

0.03

* p < 0.0001 - significant using step-down Bonferroni correction
** 0.003 < p < 0.01
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Table 10: Partial Mantel correlations (rM) between plant and microbial community parameters,
removing the effects of soil saturation.
Variable & Month
Complete dataset (all times)
Bacterial community structure
Bacterial abundance
Soil enzyme function(b)
May
Bacterial community structure
Bacterial abundance
Soil enzyme function(b)
July
Bacterial community structure
Bacterial abundance
Soil enzyme function(b)
September
Bacterial community structure
Bacterial abundance
Soil enzyme function(b)
November
Bacterial community structure
Bacterial abundance
Soil enzyme function(b)
January
Bacterial community structure
Bacterial abundance
Soil enzyme function(b)

Aboveground
biomass

Root
biomass

Plant
species(a)

0.02
0.01
0.05

-0.25
-0.18
0.12

0.42*
0.41*
0.17

0.21*
0.12
0.07

-0.06
-0.18
0.44*

0.53*
0.21*
-0.12

0.18*
0.12
-0.09

0.06
0.11
0.33*

0.65*
0.45*
0.21

0.36*
-0.04
-0.05

-0.17
-020
0.70*

0.85*
0.34*
-0.05

0.22*
0.02
0.09

-0.12
-0.15
0.44*

0.68*
0.86*
0.17

0.06
0.19
-0.18

0.05
-0.20
-0.06

(c)
(c)
(c)

a. Species in vegetated plots only were scored as present (1) or absent (0) and the similarity
matrix was obtained using Jaccard’s coefficient. This column was only calculated using
data from the vegetated subplots.
b. Overall enzyme activity combines BG, Cellobiosidase, Xylo, PO, Leucine, and Sulfate into
one matrix using Gower’s coefficient.
c. Could not converge since one species was living at this time.
*

p < 0.0001 - significant using step-down Bonferroni correction
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Table 11: Partial Mantel correlations (rM) between soil
saturation and microbial community attributes, removing the
effects of above- and below-ground plant biomass.
Variable & Month
Complete dataset (all times)
Bacterial community structure
Bacterial abundance
Soil enzyme function(a)
May
Bacterial community structure
Bacterial abundance
Soil enzyme function(a)
July
Bacterial community structure
Bacterial abundance
Soil enzyme function(a)
September
Bacterial community structure
Bacterial abundance
Soil enzyme function(a)
November
Bacterial community structure
Bacterial abundance
Soil enzyme function(a)
January
Bacterial community structure
Bacterial abundance
Soil enzyme function(a)

Soil Saturation
0.18*
0.05
0.49*
0.42*
0.35*
0.39*
0.51*
0.41*
0.88*
0.36*
0.46*
0.85*
0.63*
0.40*
0.65*
0.001
0.16
0.83*

a. Overall enzyme activity combines BG, Cellobiosidase, Xylo, PO, Leucine,
and Sulfate into one matrix using Gower’s coefficient
*

p < 0.0001 = significant using step-down Bonferroni correction
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Table 12: Partial Mantel correlations (rM) between bacterial composition,
abundance and soil function, removing the effects of saturation, vegetation,
and environmental physiochemical parameters. Analysis performed using data
from Vegetated plots only to explore natural relationship before manipulations.
Soil Enzyme Function
Bacterial community
structure
Bacterial Abundance

0.14*
-0.11

Bacterial Abundance
-0.07
-

* p < 0.0001 - significant using step-down Bonferroni correction
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a.

c.

b.

0.25 m Buffer zone

1 m2
Sample
Area

Wet

Intermediate

Dry

d.

Clipped Subplots

Vegetated Subplots

Figure 1: Experimental Design: (a) Research site labeled with each main plot location
(b) Each main 7.5 m x 7.5 m plot was established in three different locations (not
adjacent) then subdivided into (25) 1.25 m x 1.25 m subplot; (c) Five non-vegetated
and reference subplots were randomly selected from the grid system and sampled
every eight weeks (the above diagram does not reflect actual plot location). (d)
Samples were collected from the internal 1.0 m2 zone to minimize edge effect.
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Figure 2: Vegetated and clipped subplots’ mean ± standard error for soil moisture (a)(b),
aboveground plant dry wt (c)(d), and belowground root biomass (e)(f) for each month
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Figure 3: Vegetated and clipped subplots’ mean ± standard error for pH (a)(b), redox
(c)(d), soil organic matter (e)(f), and C:N ratios (g)(h).
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Figure 4: (a) Principal Component Analysis of overall soil physiochemical
parameter patterns. Using results from the whole analysis, May (b), July (c),
September (d), November (e), and January (f) were plotted separately to
visualize monthly patterns. Circles represent Vegetated subplots, triangles
represent Clipped subplots.
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Figure 5: Mean (± standard error) bacterial abundance (cells per gram dry soil) in both (a)
Vegetated and (b) Clipped subplots for each sample month.
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Figure 6: Community bacterial analysis using the 16S rRNA and T-RFLP. Overall
patterns were assessed (a) ignoring site, treatment, and seasonal affects. From
these results, each month (a-d) was plotted separately to analyze individual
patterns. Circles represent Vegetated subplots, triangles represent Clipped.
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Figure 7: Mean ± standard error extracellular enzyme activity for β-1,4-glucosidase
(a)(b), 1,4-ß cellobiosidase (c)(d), β-D-xylosidase (e)(f), and phenol oxidase (g)(h) for each
month assessed. ND = no data available
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Figure 8: Mean ± standard error extracellular enzyme activity for Leucyl aminopeptidase
(a)(b) and Arylsulfatase (c)(d).
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Figure 9: (a) Principal Components Analysis of overall soil enzyme function.
Using results from the whole analysis, May (b), July (c), September (d),
November (e), and January (f) were plotted separately to visualize monthly
patterns. Circles represent Vegetated subplots, triangles represent Clipped
subplots.
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NDMS Using Sorenson Index on Plant Species Presence/Absence
Stress = 0.12
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Figure 10: NDMS using Sorenson Index to examine
plant community composition. (Stress = 0.12)
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